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 An exciting new strategy for regenerative therapies involves the conversion of 
somatic cells back into an embryonic stem cell (ES)-like state, termed induced pluripotent stem 
cells (iPS). iPS cells have the same potential for differentiation as ES cells and hold immense 
promise for tissue engineering, regenerative medicine, and fundamental developmental biology 
research. However, the introduction of these reprogramming factors leads to epigenetic changes 
which are not yet fully understood but are of great concern in clinical usages as epigenetic 
markers are heritable. The propagation of mechanochemical signals from the extracellular matrix 
(ECM) to the cell nucleus has emerged as a central feature in regulating cellular differentiation 
and de-differentiation. We hypothesize that reprogramming can be influenced in vitro by tuning 
extracellular matrix signals such as substrate stiffness. However, while the influence of ECM on 
cell function and gene expression is well documented, it remains less clear how 
mechanotransduction influences the activity of chromatin modifying enzymes that direct gene 
expression programs.  
 
In this thesis, we demonstrate a platform to study how signals from biophysical interaction in 
extracellular space are propagated into the cell nucleus to influence epigenetics and use this 
platform to further understand the process of reprogramming. In chapter 2, we present an in vitro 
system to decouple the effect of stiffness on epigenetics in order to understand the propagation of 
signal from the cytoplasm to the nucleus of the cell. With this model system, we investigate how 
histone deacetylase (HDAC) expression level and localization changes in response to changes in 
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stiffness in order to understand the propagation of signal from the cytoplasm to the nucleus. In 
chapter 3, we combine our polyacrylamide model system with spatial light interference 
microscopy (SLIM) in order to design a novel patterning approach to simultaneously measure 
cell traction force along with cell growth and migration. This allows us to study the interaction 
between cells and ECM to understand the propagation of signal across the cell boundary into the 
cytoskeleton. Finally, in chapter 4 we utilize these tools to understand cellular reprogramming 
and demonstrate an influence of ECM matrix elasticity and microconfinement on cellular 
processes underlying reprogramming. In Chapter 5, we summarize these works in the context of 
using in vitro systems to decipher cell signaling from the outside in and cellular reprogramming. 
Overall, we believe the work presented here gives new insight to the propagation of signal from 
a cell’s microenvironment to epigenetic changes within the cell nucleus. We also demonstrate the 
potential for extracellular properties to influence somatic cell reprogramming which may aid in 
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1.1: Somatic Cell Reprogramming for Regenerative Therapies 
Embryonic stem (ES) cells, derived from the inner cell mass of blastocysts, are pluripotent cells 
which can replicate indefinitely and can differentiate into cells of all three germ layers[1], [2]. 
Due to this unique ability, ES cells have the potential for a wide array of applications to treat 
diseases and for regenerative therapies. However, ES cells are not patient specific and thus run 
the risk of tissue rejection after transplantation. In addition, ES cells have ethical uses due to the 
use of human embryos. To overcome these barriers, many strategies have been developed to 
generate genetically matched ES cells. Somatic cells can be reprogrammed to a stem-cell like 
phenotype by transferring their nuclear contents into oocytes[3] or by fusion with ES cells[4], 
[5], however these techniques are also limited by ethical issues preventing them from wide 
spread use in clinical applications. 
 
An exciting new strategy developed in 2006 by Yamanaka, Takahashi and colleagues involves 
the conversion of somatic cells back into an embryonic stem cell (ES)-like state via the 
overexpression of transcription factors OSKM (Oct4/Sox2/Klf4/C-Myc), termed induced 
pluripotent stem cells (iPS)[6], [7]. iPS cells have the same potential for differentiation as ES 
cells and hold immense promise for tissue engineering, regenerative medicine, and fundamental 
developmental biology research. Unlike ES cells, iPS cells have the benefit of no ethical 
concerns commonly associated with ES-cells and have the potential of easily obtaining cells 
                                                 
1
 Parts of this publication has been adapted from the following publication: 
Yanfen Li and Kristopher A. Kilian, “Bridging the gap: from 2D cell culture to 3D engineered extracellular 
matrices”, Advanced Healthcare Materials, 2015, 4 (18), 2780-2796. 
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which can differentiate into other cell types commonly needed in clinical applications. The 
conventional reprogramming approach for iPS generation involves the forced expression of four 
transcription factors, Klf4, Sox2, Oct4, and c-Myc, in mouse embryonic fibroblasts (MEFs)[7]. 
However, some remaining issues in this approach could limit iPSC’s clinical applications. The 
major concerns are the safety of using oncogenes Klf4 and c-Myc, the long reprogramming time, 
and extremely low efficiency during cell reprogramming[8].  In addition. the introduction of 
these reprogramming factors leads to epigenetic changes which are not yet fully understood but 
are of great concern in clinical usages as epigenetic markers are heritable[9]. 
 
1.2: Cell-ECM Interactions Guide Cell Function 
Nature has developed intricate processes in which the form and function of tissues arise in 
multicellular organisms. Starting from a single cell, a complex array of biophysical and 
biochemical cues guides the segregation of our earliest progenitors into distinct germ layers that 
ultimately develop into the multitude of specialized cells of the adult organism. This process is 
regulated by many extrinsic and intrinsic factors and central to these processes is a complex 
orchestration between the composition of the surrounding extracellular matrix (ECM), its 
viscoelastic properties, spatiotemporal gradients of soluble factors, and interactions with 
neighboring cells. The interplay of these parameters influence cell state, function, and 
coordinated assembly to precisely control tissue formation. Understanding the context in which 
the ECM and its cellular constituents coordinate to establish complex architectures and build 
functioning tissue is of great importance in developmental biology but is also necessary in the 
design of materials for medicine. Here we will explore the progress and promise of engineered 
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materials to control cellular outcomes in vitro, from new assays for cell biology to complex 3D 
materials that recapitulate the function of tissues (Figure 1.1). 
 
The extracellular matrix (ECM) is the non-cellular component of tissues and is comprised of a 
combination of polysaccharides, growth factors, and proteins including collagen, fibronectin, 
laminin, and elastin. The ECM guides a host of cell and tissue level functions including 
regulation of cellular architecture [10], directing tissue-specific stem cell specification [11], [12], 
guiding cell migration [13], maintaining homeostasis [14], and influencing tissue development 
[15]–[18], including controlling branching morphogenesis [19], [20]. One major function of the 
ECM is to regulate cell shape and its connectivity to surrounding cells which in turn regulates the 
cellular epigenetic state, gene expression, and function [15], [21]. While all the cells arise from a 
single fertilized egg; major morphological and functional differences can be seen in different 
tissue types. For instance, neurons have small bodies with long axons to transfer electric signals 
over long distances, myocytes are long and tubular with contracting myofibrils with a shape that 
is optimized for generating force along the direction of the cell, and adipocytes are round with 
large vacuoles which is optimum for lipid storage [22]–[24] (Figure 1.2).  
 
The shape of the cell is synergistic with its function and it is acknowledged that cell shape is due 
in part to ECM mechanics and composition  [25]–[28]. For example, during pregnancy the 
fibronectin distribution in the ECM changes from a fibrillar pattern during estrus to a patched 
pattern before disappearing on day six of pregnancy which regulates  the shape of the stromal 
fibroblasts to change from elongated cells at estrus to a round morphology on day six [10]. This 
ECM remodeling serves to support the decidual cell’s morphological differentiation and creates 
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an environment which permits the invasion and establishment of the placenta [29].  Numerous 
other examples exist of how ECM influences cells and tissues ranging from microscale influence 
on cellular morphology[26], [30], [31] and proliferation [25], [32], [33], to macroscale guidance 
of the stem cell niche [11], [34], [35] and tissue formation [36][27], [28], [37]. This dynamic 
organization and reorganization of the extracellular matrix proteins during embryogenesis and 
morphogenesis leads to distinct and organized tissues structures composed of a variety of cell 
shapes performing distinct functions. From cues that shape the early embryo to dynamic 
morphogenesis in the adult organism, the partitioning of cells into functional structures 
necessarily requires differential organization that is coordinated by the properties of the matrix. 
 
The sensitivity of the early embryo to its surrounding microenvironment during development has 
been appreciated for some time [38]–[41], however only recently have we begun to decipher the 
complex interactions in the microenvironment that guide cellular processes. At the beginning of 
embryogenesis, the blastula reorganizes from the symmetric blastula into an asymmetrical 
gastrula during gastrulation[42]. The ECM is essential in guiding the movement of cells from the 
primitive streak of the blastula to form the germ layers ectoderm, mesoderm, and endoderm. The 
migrating cells of a chick embryo attaches onto the laminin in the ECM, the first glycoprotein to 
appear, and is then guided to the ventral surface of the epiblast[43].  In zebrafish gastrulation, 
fibronectin and laminin fibrils align in the direction of membrane protrusion formation to 
polarize mesoderm cells and guide migration which helps to shape the embryo [17]. When 
expression of fibronectin is knocked down, there is a disruption of cell convergence and 




Another aspect of embryogenesis guidance by the ECM is the compliance of the surrounding 
tissue. As an embryo develops, the stiffness of the embryo increases dramatically [44] and the 
stiffness of its environment can impact embryo development.  When Rinaudo and colleagues 
cultured mouse embryos on 1kPa gels representing the uterine epithelium, they observed 
developmental differences between those cultured on stiff petri dishes [45]. This included 
increased frequency of development from zygote to the 2-cell stage and from 2-cell to blastocyst 
stage, increased hatching frequency, and had larger placentae once transplanted back into 
recipient females.  Regional stiffness differences of embryos also begin to appear early on in 
embryogenesis including stiffening of blastula wall[46] and stiffening of the marginal zone [47] 
and the notochord [48] during gastrulation. This asymmetric stiffening can be guided by 
differences in stiffness of the ECM [46] and by its orientation, namely the orientation of 
fibrillary fibronectin [49]. To further understand these in vivo observations, additional in vitro 
studies with embryonic stem cells (ESC) has shed light on the influence of the ECM. Softer 
substrates promotes self-renewal and pluripotency of ESCs and create more homogeneous cell 
populations [50], [51] in addition to increasing cell traction at the basal surface [52]. However, 
stiffer substrates promotes cell growth and differentiation [53], [54].  
 
The ECM continues to play an important role in guiding cell and tissue geometry during 
processes like branching morphogenesis, during which the epithelial trees in the lung, kidney, 
mammary, and salivary glands are created [55] (Figure 1.3a). Branching involves repetitive 
epithelial cleft and bud formation [56], [57] and the ECM can provide both mechanical cues and 
also serve to stabilize newly formed branches. During initial salivary gland formation, focal 
adhesion kinase (FAK) acts as a mechanosensor and is required for the assembly of ECM fibrils 
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within a growing cleft [58]. These clefts then lead to the assembly of fibronectin fibrils via Rho-
associated kinase (ROCK)-induced actomyosin contraction [59]. Fibronectin is also critical for 
initiation of epithelial branching where fibrillary fibronectin accumulate in cleft forming regions 
and suppresses cadherin cell-cell adhesions [19]. Other ECM components like collagen play a 
stabilizing role and can be found in the stalks of the forming branches [60].    
 
In addition to embryo development and initial tissue formation, important changes in tissue 
morphology occur during normal and pathological processes. One example is the epithelial-to-
mesenchymal transition (EMT) where cuboidal, polarized epithelial cells attached to the 
basement membrane undergo a physiological change to adopt an elongated mesenchymal cell 
morphology with increased migratory capacity and increased production of ECM components 
[61]–[63] (Figure 1.3b). EMT is an important process during gastrulation [64], tissue repair [65], 
and cancer progression [66], [67]. The ECM composition plays a role here too where it has been 
shown that type I collagen gels can induce EMT of thyroidepithelial cells [68], [69]. Other in 
vitro studies showed that laminin can suppress EMT of mammary epithelial cells, [70] whereas 
fibronectin enhances EMT of human bronchial epithelial cells [71] and can direct migration of 
EMT induced mesothelial cells[72]. The same was seen for primary alveolar epithelial cells, 
where fibronectin promoted EMT whereas laminin and collagen promoted apoptosis instead of 
EMT [73].   
 
The mechanical properties of the cell and tissue microenvironment can also play a role in 
morphogenesis where a stiffer environment can promote EMT of murine mammary gland cells 
and Madin–Darby canine kidney epithelial cells [74]. In the breast cancer microenvironment, the 
7 
 
increase in and alignment of collagen fibrils increases the stiffness of the cancer 
microenvironment [75], [76]. This increase in stiffness then drives EMT of breast tumor cells, 
increasing tumor invasion potential and metastasis [77]. A recent study by Wang, Huang and 
colleagues showed that soft fibrin gels will promote the growth of a subpopulation of tumor 
initiating melanoma cells, suggesting that soft matrices may prove important for amplifying 
specific cell types [78]. From these studies it is clear that the interplay between mechanical 
properties and matrix composition will guide a range of cellular processes in a context dependent 
fashion. 
 
As the influence of individual ECM components is becoming increasing clear, the synergy of 
these factors can sometimes produce fascinating results. When natural organs and tissues are 
decellularized to form scaffolds, the complex ECM proteins are left behind to guide 
spatiotemporal organization of multiple cell types. Gershlak and collegues decellularized rat 
hearts of different developmental stages to study differences in ECM composition and stiffness 
between fetal, neonatal, and adult hearts[79]. It was found that stiffness increases ~2 fold 
between fetal and neonatal but not between neonatal and adult hearts. In addition, the 
composition of the ECM was significantly different. When these ECM components were cross-
linked into polyacrylamide gels of differing stiffness, mesenchymal stem cells (MSC) responded 
differently depending on the ECM composition. From an increase in stiffness from 9kPa to 
48kPa, MSCs showed a decrease in stress generated by gels while on adult ECM but increase in 
stress while on fetal ECM with a further influence on differentiation potential. In addition, cell 
traction force increases with substrate stiffness on fetal ECM but not neonatal or adult ECM. 
This work shows that both ECM composition and substrate stiffness influences tissue form and 
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function through pathways that are regulated through multiple biophysical and biochemical cues. 
Establishing these structure-function relationships that govern the formation of tissue in vivo is 
challenging at best due to the dynamic environment and limitations associated with analyzing 
excised tissue [80]. Depending on the substrate stiffness, the effect of ECM composition may be 
different and unraveling the complexity of the natural ECM environment is a complex endeavor 
that will be best assessed using combinatorial strategies. 
 
Over the past decade, the maturation of nano- and micro- engineering technologies for both 
”soft” and “hard” materials have enabled researchers to precisely control cellular assemblies in 
vitro [81], [82]. These approaches can be used to mimic the in vivo microenvironment towards 
deconstructing the cues that orchestrate cellular assembly, while providing platforms that are 
amenable to modern microscopy techniques. More recently, dynamic hydrogel systems that can 
pattern material properties such as protein composition and stiffness in real time demonstrate the 
promise of synthetic materials that may recapitulate aspects of in vivo systems such as 
morphogenesis. In this review article we explore the evolution of 2D cell culture systems to 
engineered 3D model tissues, with a particular focus on translating information gained in 2D to 
inform the design of 3D materials. We highlight the importance of integrating multiple 
biophysical and biochemical cues to guide cellular processes in the laboratory. This review is not 
intended to be comprehensive but rather demonstrate the trend in translating 2D assays to 3D 
biomaterials; for details on recent advances in methods and materials to direct cell fate, the 







1.3 Recreating the form and function of cells and tissues on 2D materials 
Micropatterning single cells to explore geometry-function relationships 
Cell shape influences a variety of cellular functions including proliferation [25], [86], [87], 
migration[88], and the regulation of lineage specific gene expressions[30], [89]–[93], amongst 
other functions [94]. In order to decouple these relationships, the microelectronics industry has 
provided a wealth of tools to modify the surface of materials with spatial definition in order to 
precisely control the shape of single cells via the presentation of ECM components including 
proteins and peptides.  
 
One common approach is the technique of soft-lithography (i.e. microcontact printingdeveloped 
by Whitesides and colleagues[95] to spatially pattern chemistry. This technique involves the use 
of a structured pattern mask formed via photolithography to cast an elastomer which can be used 
to transfer a specific chemistry to a surface (Figure 1.4).  Microcontact printing has also been 
used to pattern chemistry on glass substrates via silane monomers [96] and proteins [97]. For 
more detail on soft lithography, we refer the reader to several reviews [98]–[100].  
 
Other patterning techniques include localized SAM replacement which involves using a 
microfluidic device to remove regions of inert alkanethiol and replacing it with “active” 
alkanethiol [101],  dip pen lithography which used an AFM tip to deposit molecules onto a 
surface [102], and various other related strategies (Table 1.1).   To improve SAM stability, 
researchers have explored patterning under liquid medium or using inks with different properties 




Using these techniques, surface positioning and composition of ECM proteins can be precisely 
tuned with micrometer scale resolution and single cells can be captured in patterns to study the 
influence of geometric cues on cellular processes [99], [100], [104]. After initial attachment of 
the cells onto the substrate, the cells then acquire their new cell shape in two stages. First, the 
most distal contacts of the cell define the apices of the cell shape. Second, the cell borders that 
link and minimizes the distance between the two apices. It overcomes the non-adhesive regions 
by forming stress fibers and accumulating focal adhesions. These stress fibers work against the 
membrane tension in the cell border [105]. It was shown that irrespective of the shape of the 
adhesive region, compressive stress is maximum at the cell center and vanishes at the cell 
boundary, vanishing more rapidly at regions of high curvature or at sharp corners. Sheer stress is 
essentially zero for isotropic shapes. For anisotropic shapes, sheer stress also build up at the 
center of the shape [106]. The actinmyosin contractility generated by the patterning of fibroblasts 
was shown to influence rotation of the nucleus which can be controlled via apical actin fibers 
absent in circular geometries but present in elongated geometries [107].  In a striking example of 
how patterning can influence subcellular architecture, Bornens and colleagues demonstrated how 
the positioning of protein patterns under a cell can guide adhesion and cytoskeletal tension [105]. 
When the location of adhesive and non-adhesive regions are manipulated within the same given 
convex envelope, cells on different ECM patterns might have similar shape but different 
cytoskeletal networks.  
 
Controlling cell shape will guide the organization of the cytoskeleton and adhesion architecture, 
and thereby influence cell behavior [108]–[110]. In addition to microfilaments, cell shape was 
recently shown to guide the formation and localization of intermediate filaments [111]. When 
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cells are patterned in defined geometries, vimentin intermediate filaments (VIF) are primarily 
perinuclear in contrast to the microfilaments which localize to the circumference of the cell. 
Microtubules (MT) tend to be evenly distributed throughout the cell with the exception to a 
shape approximating a teardrop where filaments localize to the blunt edge. In these cases with 
asymmetric shapes, VIF and MT tend to avoid concentrated areas of MF which biases the cell 
motility pattern. Similarly, patterning cells in asymmetric shapes will influence cell polarity and 
exert control over protrusion ([112]) and directional cell movement [113], [114]. When cultured 
in the presence of platelet-derive growth factor (PDGF), cells preferentially extend lamellipodia, 
filopodia, and microspikes from the corners of shapes and tractional forces were also 
concentrated in those regions [115].  Other cellular function such as contractile strength of 
vascular smooth muscle cells (VSMC) is also geometry dependent [116], [117]. Patterned 
VSMCs showed greater contractile range and decreased contractile strength when elongated as 
influenced by morphological changes in its nucleus.  
 
In addition to subtle geometric cues, the degree in which a cell can spread will influence 
adhesion, cytoskeletal tension and intracellular signaling. Cells cultured on smaller area will 
have a higher rate of apoptosis, while spread cells show increased rate of DNA synthesis, 
resulting in decreased apoptosis [118]. With an increase in cell spreading, there is also an 
increase in nuclear volume and chromatin decondensation [86]. This is coupled with epigenetic 
changes including increase in histone H3 acetylation at lysine 9. An increase in actomyosin 
contractility, e.g. triangle versus circle, is also associated with an increase in polymerized actin 
and decrease in nuclear levels of histone deacetylase 3 resulting in decondensed chromatin and 
global histone acetylation [91]. Micropatterning has also been used to direct EMT signaling in 
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single cells. Epithelial cells confined to small islands showed reduced metalloproteinase induced 
EMT but not TGFβ induced EMT [90]. When allowed to spread, epithelial cells also increased 
expression of myofibroblast markers in contrast to when cell spreading is restricted, epithelial-
myofibroblast transition is prevented via MRTF-A signaling [119].   
 
To understand how cell shape influences developmental processes, in vitro stem cell systems 
have proved a powerful tool in deciphering the role of geometric cues in guiding lineage 
outcomes[24], [120], [121]. Recently we demonstrated that restricting the spreading of single 
mesenchymal stem cells (MSCs) will enhance and preserve the multipotent phenotype in culture 
through control of cytoskeletal tension and actomyosin contractility [122]. Chen and colleagues 
showed that spread cells, which experience high actomyosin contractility, tend to adopt an 
osteogenesis outcome while rounded cells, which experience lower actomyosin contractility, 
prefer to undergo adipogenesis when exposed to soluble media supplements[24]. In addition to 
spreading, MSCs cultured in shapes of same area but increasing aspect ratio or pentagonal 
shapes with variable subcellular curvature at the perimeter, would differentially undergo 
adipogenesis or osteogenesis depending on the geometry that fostered the lowest or highest 
cytoskeletal tension respectively [120]. hMSCs cultured in micropatterns and exposed to TGFβ3 
upregulate myogenic genes when spread and chondrogenic genes when shape is restricted [121] 
(Figure 1.5).  
 
Deconstructing morphogenesis using 2D micropatterning 
Single cell patterning gives us great insight into the relationship between cell shape, adhesive 
structures and cytoskeletal tension during cellular processes. Micropatterning can also be used 
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for multicellular systems to explore cell-cell contact, force transmission, and signaling to 
adjacent cells and across large populations. Cells can be patterned in individual 2-cell patterns or 
up to thousands of cells can be patterned into a tissue sheet. Patterning of cells in these larger 
geometries will help us define how cells interact with each other and behave in large tissue 
structures. Nelson et al. patterned endothelial cell doublets in a bowtie configuration and showed 
how vascular endothelial-cadherin inhibits growth by decreasing cell spreading through changes 
in cell adhesion to the ECM.  This cadherin induced proliferation signal can be inhibited by 
blocking actin-myosin generated tension [123], [124]. The two-cell bowtie configuration can be 
adjusted for higher cell-cell contact by the addition of triangles to the bowties shape; as the 
number of cell-cell contact increase, proliferations decreases [125].  
 
Spatial patterns of cellular growth generate mechanical stresses that help to deform tissues into 
their specific forms. The forces experienced by the cells can be predicted by finite-element 
models of multicellular mechanics which are then confirmed and measured directly by using a 
micromechanical force sensor array. Chen and colleagues used a combination of micropatterning 
large populations of cells and finite element analysis to show how a gradient of force is spatially 
organized from the perimeter of large patterns to the center [126]. Changing the shape of 
perimeter features in patterned epithelial sheets was shown to promote EMT of epithelial cells in 
regions of high tension [127]. This is due to several factors. Cells at the edge of patterened 
shapes experience reduced cell-cell adhesion in addition to the increased mechanical stress from 
the contractile tension generated by the cellular sheet [126]. These gradients of stress are then 
propagated by intercellular transmission of the actomyosin cytosketeton and can influence cell 
function and development. At regions of higher stress at the perimenter of the patterns, 
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myocardin-related transcription factor (MRTF)-A localized to the nucleus which combined with 
the decreased cell-cell contact and increased tension promotes EMT of epithelial cells in that 
region. Human adipose derived stem cells grown in a ring showed increased proliferation in the 
outer edges where cells are large and spread and increased differentiation in the inner edges 
where cells were small and elongated [128]. Human mesenchymal stem cells (hMSC) from bone 
marrow were shown to respond to perimeter geometric cues during lineage specification and 
commitment when exposed to mixed differentiation promoting media [129], [130]. hMSCs in 
regions of higher stress were shown to differentiate towards the osteoblast lineage while hMSCs 
preferred to undergo adipogenesis in regions that fostered a lower degree of stress. Ding and 
colleagues further explored the role of cell-cell contact and density within multicellular 
sheets[131]. They seeded varying densities of MSCs on the same size adhesive islands to create 
populations of cells with differing amounts of cell-cell contact and cell size. When exposed to 
sole osteogenic or sole adipogenic media, adipogenesis increased with cell density but 
osteogenesis was unaffected. When exposed to both media, as density increased, adipogenesis 
increased and osteogenesis decreased.  
 
Large scale patterning also allows us to study complex migration patterns which play a pivotal 
role in biological systems in regulating various processes such as gastrulation, morphogenesis, 
and tissue organization. The random motion of cells can be controlled and directed with 
asymmetric “ratchet” microgeometries which induces a controlled cell polarity. These ratchet 
shapes can be controlled to guide cells of different types into different directions which could be 
useful in cell sorting [88], [114]. Geometrical confinement of cells into circles induces a 
persistent, coordinated and synchronized rotation of cells that depends on cell density and size of 
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the circles. The speed of such rotating large-scale movements slows down as the density 
increases. The rotating cells move as a solid body, with a uniform angular velocity [132]. 
Warmflash and collegues showed that confinement of hESCs to a disk shaped geometry was 
sufficient recapitulate germ layer patterning with the addition of BMP4[133]. The disk shape is 
representative of the disk-shaped epithelium at gastrulation and when seeded with a density 
comparable to the cell number at the initial gastrula, the colony of hESCs self-organized and 
differentiated into the three germ layers. Studies like these allow us to separate out different 
biophysical cues and gain insight into their influences on tissue development. 
 
Micropatterning through soft lithography has enabled a wide array of complex cellular processes 
to be explored.  It allows for the precise control of individual cell shape to study the interplay 
between geometry, intracellular signaling and function. The techniques are reproducible and 
allow for the creation of complex geometries which different factors such as angle and curvature 
can be tuned and varied. However, limitations in the variation of viscoelasticity and matrix 
dynamics has led researchers to investigate other materials systems.  
 
Micropatterned hydrogels: Integrating biophysical and biochemical cues in 2D. 
The majority of 2D patterning approaches employ rigid substrates that do not faithfully represent 
the deformable matrices observed in vivo. Hydrogels are an appealing scaffold material for cell 
and tissue studies due to high water content and tailored chemical and physical properties [134]–
[136]. Using hydrogels to mimic in vivo microenvironments has proved useful in deconstructing 
the biochemical and biophysical cues that influence cellular morphology [137], [138],  
proliferation [139]–[142], migration [106], and differentiation [53], [143]–[146]. Recently, 
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micropatterning techniques have been combined with hydrogel systems in order to study the  
interplay between matrix protein presentation, mechanics, and geometry [92], [147], [148]. Cells 
in vivo do not spread in the same way as cells cultured on 2D matrices, but rather adopt distinct 
geometries that relate to the presentation of matrix proteins and the deformability of surrounding 
matrix. Cells sense the stiffness of their environment and modify their shape, proliferation, and 
stiffness in response. In addition, as cells spread more they can increase their inherent cortical 
stiffness by upregulating cytoskeletal contractility.  To explore the relationship between cell 
geometry and substrate stiffness, Tee et al cultured hMSCs on micropatterned polyacrylamide 
gels of varying stiffness and observed distinct behavior for cells on soft versus stiff substrates in 
the regulation of cell stiffness [149]. On soft substrates, cellular stiffness depends more strongly 
on matrix mechanics than spread area. In contrast, cells that were patterned on stiff substrates 
show a more pronounced role for geometry in directing cell stiffness.  
 
MSCs have been shown to undergo differentiation in response to substrate stiffness [150]. Since 
cells cultured on planar substrates show a high degree of spatial and geometric heterogeneity, 
which complicates studies aimed at correlating ECM properties to outcome, we used 
micropatterning to normalize cell shape across substrates of variable stiffness. By patterning 
MSCs in shapes with subcellular geometric cues that modulate actomyosin contractility across 
hydrogels of varying stiffness, we were able to discern the relationship between cell shape, 
matrix stiffness and the osteogenesis program [92]. Subcellular features that increase focal 
adhesion and non-muscle myosin activity were shown to promote osteogenesis. In a separate 
study, MSCs were micropatterned on soft hydrogels to explore neurogenesis and adipogenesis 
[151]. MSCs that were allowed to spread developed features consistent with the neurogenesis 
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lineage, while cells confined to small isotropic geometries tended to specify to the adipogenesis 
program. To further explore how MSCs respond to shape and stiffness, we “switched” the matrix 
underlying the patterned cells—either from a stiff substrate with features that promote 
actomyosin contractility, or a soft substrate with features that promote neurogenesis—and 
measured the response of lineage specific markers [152]. Interestingly, MSCs showed a 
considerable amount of plasticity in the expression of early markers. Consistent with the 
differentiation studies, we recently demonstrated how geometric features on single cells and 
multicellular populations will also influence the expression of multipotency markers [153]. 
 
By combining micropatterning approaches with a viscoelastic polymeric system, the effect of 
both cell shape and matrix stiffness can be explored. These techniques combines the precise 
spatial control found in micropatterning along with the physical tunability of polymeric systems 
in order to precisely control microenvironment parameters. Nevertheless, these systems do not 
reflect the true dimensionality of in vivo systems, and there is a need for 3D models that can be 
engineered with high precision to understand how cell signaling differs from 2D to 3D.  
 
1.4 Hypothesis and Thesis Structure 
The propagation of mechanochemical signals from the extracellular matrix (ECM) to the 
cell nucleus has emerged as a central feature in regulating cellular differentiation and de-
differentiation. This process of outside-in signaling and the associated mechanotransduction 
pathways have been well described in numerous developmental and pathological contexts and 
the mechanical properties of the cell and tissue microenvironment have been shown to influence 
cellular functions including proliferation[139]–[142], migration[106], and differentiation[53], 
[143]–[146], [154], [155]. We hypothesize that reprogramming can be influenced in vitro by 
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tuning extracellular matrix signals such as substrate stiffness. However, while the influence of 
ECM on cell function and gene expression is well documented, it remains less clear how 
mechanotransduction influences the activity of chromatin modifying enzymes that direct gene 
expression programs.  
 
In this thesis, we aim to design a platform to study how signals from biophysical interaction in 
extracellular space are propagated into the cell nucleus to influence epigenetics and use this 
platform to further understand the process of reprogramming. In chapter 2, we developed an in 
vitro system to decouple the effect of stiffness on epigenetics in order to understand the 
propagation of signal from the cytoplasm to the nucleus of the cell. We used microcontact 
printing on polyacrylamide hydrogels of variable stiffness to study the effect of stiffness on 
histone modification state of fibroblasts. Microcontact printing allows us to control the density of 
fibroblasts in culture and the polyacrylamide hydrogel system allows us to decouple the effect of 
stiffness without changing other mechanics of the underlying substrate. With this model system, 
we investigated how histone deacetylase (HDAC) expression level and localization changes in 
response to changes in stiffness. In chapter 3, we combined our polyacrylamide model system 
with spatial light interference microscopy (SLIM) in order to design a novel patterning approach 
to simultaneously measure cell traction force along with cell growth and migration. We utilized 
the same approach of microcontact printing on polyacrylamide hydrogels in order to create a soft 
hydrogel with predetermined grid of fluorophores. When a cell pulls on the substrate, the grids 
bend in a predictable manor allowing us to track the traction force generated by a cell in real 
time. This allows us to study the interaction between cells and ECM to understand the 
propagation of signal from ECM across the cell boundary into the cytoskeleton. In chapter 4, we 
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aimed to utilize these tools to understand cellular reprogramming. By understanding the 
propagation of signal from ECM to the cell nucleus, we can design novel new tools to further 
enhance epigenetic changes which occur during reprogramming.  
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1.5 Figures and Tables 








Figure 1.3. Depiction of (A) branching morphogenesis where soluble and insoluble signals 








Figure 1.4. Soft lithography strategy for patterning cells. (i) A polydimethylsiloxane (PDMS) stamp 
is inked with octadecanethiol, (ii) printed onto the gold surface, (iii) the intervening regions are 
passivated with a tri(ethylene glycol) diluent, (iv) matrix protein is physisorbed to hydrophobic 














Table 1.1. Summary of strategies for micropatterning hard and soft materials 
Substrate Surface chemistry Adhesive ligand Cell Type 
Reference 
 
Gold mixed alkane thiolates Peptides (RGD) capillary endothelial cells [156] 
 
adsorption/agarose* Protein (Fibronectin) 
pulmonary artery 













(Collagen IV, fibronectin, laminin) 
neuroblastoma [158] 
 





adsorption/PEG* Protein (collagen) Neuron, glia cells [160] 
Glass/PDMS adsorption/pluronic* Protein (Collagen) Hepatocytes, fibroblast [97] 
Graphene reduced graphene oxide Reduced graphene oxide Mesenchymal stem cell [161] 
Hydrogel 
(PA) 
NHS acrylate Protein (fibronectin) fibroblast [162] 
 
sulfo-SANPAH Protein (collagen) 




adsorption Protein (fibronectin) 




hydrazine hydrate Protein (collagen) fibroblast [147] 
 
physical crosslinking 





polymer brush Protein (BSA) Hippocampal neurons [166] 
 
gold-thiol/cysteamine Peptide (cRGD) fibroblast [167] 
 






Bovine aortic endothelial 
cells, nerve cells 
[169] 
Polystyrene adsorption/Poly(NIPAAm)* Protein (fibronectin) Rat hepatocytes [170] 
 








MATRIX MECHANICS INFLUENCE FIBROBLAST-MYOFIBROBLAST 






The mechanical properties of the cell and tissue microenvironment have been shown to influence 
cellular functions including proliferation[139]–[142], migration[106], and differentiation[53], 
[143]–[146], [154], [155]. Cells sense the extracellular matrix (ECM) through cell surface 
receptors, and the formation of intracellular plaques called focal adhesions[109], [171].  
Recruitment of signaling proteins, including paxilin, vinculin, and talin amongst others, serves to 
stabilize adhesion to facilitate cellular traction, and the subsequent propagation of force through 
the cellular cytoskeleton. The cytoskeleton then responds to mechanical stimuli such as changes 
in substrate stiffness by rearranging actin microfilaments, microtubules, and intermediate 
filaments[109], [172] which in turn influences nuclear shape and structure[110], [173],chromatin 
condensation[174], [175], and gene expression[176]–[179]. The nucleus is generally the stiffest 
point within a eukaryotic cell[180] and plays an essential role in mechanical strain transduction 
from the extracellular environment[181]. The nucleus senses these changes in substrate stiffness 
via several proteins including the  LINC (linker of nucleoskeleton and cytoskeleton) complex 
which is a molecular linker of the nucleus and the cytoskeleton[182] and Nesprin-1, a protein 
which links the nucleus to the actomyosin cytoskeleton[183], [184].  These proteins act in a 
mechanosensory network with activities that convey mechanical information outside of the cell 
                                                 
2
 This chapter is based on the following publication: Yanfen Li, Claire Tang, Kristopher A. Kilian, “Matrix 
mechanics influence fibroblast-myofibroblast transition by directing the localization of histone deacetylase 4”, 
Cellular and Molecular Bioengineering, 2017, 10(5), 405-415. 
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to biochemical activities within the cell. Cells respond to changes in substrate stiffness by 
altering nuclear morphology which then influences gene expression by controlling gene 
accessibility to transcription factors. On softer substrates, the nucleus is more rounded as 
opposed to a more flattened morphology on stiffer substrates[185], partially mediated by 
Nesprin-1 and the actomyosin network[183].  Other proteins are also involved in mechanosensor 
networks, such as YAP (Yes-associated protein) and TAZ (PDZ-binding motif)  which respond 
to differences in substrate rigidity by shuttling between the nucleus and the cytoplasm to guide 
the activity of transcription factors[186]. YAP/TAZ sensing is dependent on changes in the actin 
cytoskeletal tension and requires Rho activity. On stiffer matrices, YAP/TAZ has been shown to 
localize to the nucleus, thus influencing the regulation of gene expression[187]. While the 
mechanism between nuclear morphology and stiffness have been studied, direct relationships 
between mechanochemical signals, and the epigenetic modulators that establish the chromatin 
state have yet to be elucidated.  
 
Histones play a major role in gene expression by influencing chromatin structure and by 
controlling the accessibility of regulatory factors to genes along the DNA [188].  The affinity 
between DNA and histones can be regulated via a variety of reversible posttranslational 
modifications of the amino-acid residues within histone tails. One key modification is acetylation 
of lysine residues which neutralize positive charge and decrease affinity for the negative charged 
DNA backbone, thus relaxing the chromatin structure. In turn, deacetylation is important for 
transcriptional repression by allowing chromatin compaction and impeding binding of 
transcription factors. The regulation of histone acetylation and deacetylation effectively sets the 
chromatin state for gene expression regulation[189] and is controlled by two primary families of 
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enzymes: histone acetyltransferases (HATs) and histone deacetylases (HDACs). In general, 
HDAC activity is associated with gene silencing and transcriptional repression, though there is 
some evidence in promoting gene activation[190]. Mammalian HDACs are further categorized 
into four families, class I, IIa, IIb, and IV, based on differences in structure, localization, 
function, and expression patterns. Class I HDACs, consisting of HDAC1, 2, 3, and 8, have high 
enzymatic activity and are ubiquitously expressed in mammalian cells. Class II HDACs, 
consisting of HDAC4, 5, 7, and 9, have differential expression patterns dependent on tissue type, 
and in some cases will shuttle between the nucleus and cytoplasm [191]. The presence of a 
nuclear localization signal (NLS) located at the N-terminus, and a nuclear export sequence 
(NES) present at the C-terminus, serves as binding sites for chaperone protein 14-3-3, which 
facilitates translocation from the cytoplasm to the nucleus[192] .   
 
Of the Class II HDACs, HDAC4 in particular has been implicated in controlling gene expression 
for a variety of cellular functions[191] including chondrocyte hypertrophy during 
skeletongenesis[193], neuronal homeostasis[194], [195], myoblast differentiation[195], and 
fibroblast-myofibroblast transition[196], [197]. When phosphorylated by protein kinases such as 
calcium/calmodulin-dependent protein kinase (CaMK)[198], extracellular signal-regulated 
kinases 1 and 2 (ERK1/2)[199], and glycogen synthase kinase 3 (GSK3)[200], phospho-HDAC4 
binds to chaperone protein 14-3-3 and is shuttled from the nucleus to the cytoplasm. In contrast, 
when dephosphorylated by protein phosphatases such as protein phosphatase 2A (PP2A), 




In this chapter, we explore how the properties of the extracellular matrix influence the expression 
and localization of HDACs. Using model protein-conjugated hydrogels we explore nuclear 
morphological characteristics, acetylation state, and the expression of HDAC enzymes. We 
reveal a role for HDAC4 in mechanotransduction, where phosphostate—and subsequent cellular 
localization—are dynamically regulated in response to matrix mechanics.  
 
2. 2 Materials and Methods 
Materials 
Unless otherwise noted, all materials were purchased from Sigma. Tissue culture plastic ware 
was purchased from VWR. Glass coverslips were purchased from Fisher Scientific. Cell culture 
media and reagents were purchased from Gibco. Mouse anti-HDAC1 (5356), mouse anti-
HDAC2 (5113), mouse anti-HDAC3 (3949), rabbit anti-acetylated lysine (9441), rabbit anti 
beta-actin (8457s), anti-rabbit IgG HRP-linked antibody (7074s), and anti-mouse IgG HRP-
linked antibody (7076P2), antibodies were purchased from Cell Signaling. Rabbit anti-HDAC4 
(sc-11418) antibody is purchased from Santa Cruz Biotechnology. Rabbit anti-PP2A (ab32141), 
mouse anti-αSMA (ab7817), and rabbit anti-paxillin (ab32084) antibody is purchased from 
Abcam. Mouse anti-vinculin (V9131) and rabbit anti-pHDAC4 (SAB4504422) was purchased 
from Sigma-Aldrich Inc. Secondary antibodies Goat 488-anti-rabbit (ab150077) is purchased 
from Abcam and Goat 647-anti-mouse (A21236) along with Hoechst 33342 is purchased from 
Invitrogen.  FR180204 (ERK inhibitor) and SP600125 (JNK inhibitor) is purchased from 
Calbiochem.  
Cell Culture  
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Mouse embryonic fibroblasts (MEFs) were a generous donation from Dr. Quanxi Li in the 
Department of Comparative Biosciences at the University of Illinois at Urbana-Champaign. 
MEFs were isolated from uteri of 13.5 day pregnant CD-1 mice following an approved protocol 
by the Illinois Institutional Animal Use and Care Committee. MEFs were cultured in high 
glucose (5g/mL) DMEM with 15% fetal bovine serum (FBS, Invitrogen) and 1% 
penicillin/streptomycin. Media was changed every 3-4 days and passaged at ~80% confluency 
with 0.5% Trypsin:EDTA. MEFs were seeded on patterned polyacrylamide hydrogels at 
~200,000 cells/cm
2 
before fixation. For inhibition studies, FR180204 (ERK inhibitor) or 
SP600125 (JNK inhibitor) was supplemented to the media at 6µM at initial seeding and each 
media change. 
Immunocytochemistry 
MEFs on surfaces were fixed with 4% paraformaldehyde (Alfa Aesar) for 20 minutes at room 
temperature. 0.1% Triton X-100 in PBS was added for 30 min to permeabilize cells which  were 
then blocked with 1% bovine serum albumin (BSA) for 15 min. Cells were then labeled with 
primary antibody in 1% BSA in PBS in 4°C overnight with mouse anti-HDAC1(1:200 dilution), 
mouse anti-HDAC2 (1:200 dilution), mouse anti-HDAC3 (1:200 dilution), rabbit anti-HDAC4 
(1:50 dilution), rabbit anti-pHDAC4 (1:50 dilution), rabbit anti-PP2A (1:200 dilution), mouse 
anti-αSMA (1:200 dilution), rabbit anti-AcK (1:200 dilution), mouse anti-vinculin (1:200 
dilution) or rabbit anti-paxillin (1:200 dilution). Secondary antibody labeling was performed with 
Goat 488-anti-rabbit (1:200 dilution) and Goat 647-anti-mouse (1:200 dilution) along with 
Hoechst 33342 (1:3000 dilution) for 20 min in a humid chamber (37°C). Immunofluorescence 





For determination of protein levels, MEFs were lysed with RIPA buffer with protease inhibitor 
(Santa Cruz) and protein concentration determined with Pierce BCA Protein Assay Kit (Thermo 
Fisher).  20µg of protein was then mixed with 4x Laemmli sample loading buffer (BioRad), 
boiled for 5minutes, and separated by 10% Tris-Tricine SDS-PAGE (Bio-Rad) at 175 V for 
40minutes. Proteins were then electrophoretically transferred onto a nitrocellulose membrane at 
100 V for 45 minutes. The membrane was blocked with 5% BSA in TBST for 30 minutes and 
incubated in primary antibody (1:1000) for 1 hour in room temperature and detected with 
horseradish peroxidase-conjugated anti-mouse or anti-rabbit antibody (1:10,000)  followed by 
Clarity Western ECL Substrate detection system (Bio-Rad). 
Image analysis and statistical analysis 
Immunofluorescent images were analyzed using ImageJ (NIH). Average intensity of over 20 
cells per pattern was measured for at least 15 patterns per condition. For HDAC4 and pHDAC4, 
the channel staining of nuclei was used to create a selection overlay for the HDAC4 and 
pHDAC4 channel in order to locate nuclear boundary. Western blot images were analyzed using 
ImageJ (NIH). Background was subtracted from the average intensity of each band and data was 
normalized to β-actin control. 
One-way ANOVA was then employed for comparing two groups or multiple groups for 
statistical analysis and values of P < 0.05 were considered statistically significant. Error bars 
represent standard deviation (SD). 
Gel Preparation and Micropatterning 
0.5kPa and 100kPA polyacryamide hydrogels gels were fabricated as previously described[202]. 
Briefly, A mixture of 5% polyacrylamide and 0.15 %  bis-acylamide were created for each 
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desired stiffness which was then conjugated with 0.1% Ammonium Persulfate (APS) and 0.1% 
Tetramethylenediamine (TEMED) and pipetted onto a hydrophobically treated glass slide. An 
amino-silanized glass coverslip was then placed on top of the mixture to create a sandwich. After 
polymerization, gels were lifted off and immersed in 55% hydrazine hydrate (Fisher) for two 
hours to convert amide groups to reactive hydrazide groups and washed in 5% glacial acetic acid 
for one hour then stored in DI water for later use. 
Gel Patterning 
Polydimethysiloxane (PDMS, Polysciences, Inc) was polymerized on top of SU-8 patterned 
silion masters fabricated via conventional photolithography to create PDMS stamps of 0.001cm
2
 
circles. 25 µg/ml fibronectin was incubated with Sodium Periodate for 20 min to oxidize sugar 
groups into aldehydes and pooled on top of the patterned PDMS stamps for 30min. Stamps were 
then dried under air and applied to the surface of hydrogels that has been dried in RT for 1.5 
hours for 30 seconds to form desired patterns. 
 
2. 3 Results  
Matrix mechanics influence the expression of histone deacetylase enzymes 
Gene expression in cells is regulated through complex networks of activity with chromatin 
modifying enzymes. One particular class of enzymes that influences the accessibility of DNA are 
the histone deacetylases (HDACs). To explore the influence of substrate stiffness on HDAC 
activity, we used the well-established material polyacrylamide that can be formulated to span all 
physiologically relevant moduli[137], [203].  Cells cultured on matrix coated polyacrylamide 
will freely migrate and self-organize in a heterogeneous fashion. In contrast, cells in tissue are 
spatially organized in well-defined architectures that are related to functional activity. In order to 
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control the spatial coordination of cell populations on hydrogel substrates, we used an approach 
based on soft lithography to micropattern islands of covalently conjugated matrix proteins across 
our polyacrylamide substrates[92], [204]–[208]. PDMS stamps fabricated through 
photolithography were ‘inked’ with oxidized fibronectin and used to pattern 100,000 µm
2
 circles 
across polyacrylamide hydrogels pre-treated with hydrazine hydrate to enable covalent 
hydrazone linkages (Figure 2.1A).  Primary mouse embryonic fibroblasts (MEFs) were seeded 
onto the patterned substrates at high cell density and allowed to become confluent. To explore 
how stiffness may influence nuclear signaling, we first explored differences in nuclear area of 
cells adherent to our hydrogels. Both cell and nuclear area were significantly higher on the stiff 
(100 kPa) hydrogels compared to those cultured on soft (0.5 kPa) hydrogels (Figure 2.1B). This 
confirms previous studies which have shown that cells cultured on softer substrates have smaller 
nuclear areas due to transmittance of forces via the cytoskeleton[185] and differences in cell 
spreading[209].  To ask whether differences in nuclear size were also related to changes in the 
chromatin state, we fixed and immunostained our cultures with an antibody against global 
acetylated lysine residues (Ac-K). Figure 2.1B shows on average there is higher Ac-K in cells 
cultured on the stiff hydrogels as opposed to those cultured on soft hydrogels. Higher histone 
acetylation may correspond to decondensed chromatin in a more open form with more active 
gene transcriptions[210] and changes in histone modifications such as acetylation have been 
linked to changes in nuclear size and shape[91], [211]–[213]. Micropattern and mechanical strain 
has also been shown to modulate nuclear shape and HDAC activity[212] and HDAC1 and 
HDAC2 has been shown to bind to nuclear actin[214].  Thus, we immunostained our cultures for 
the class I HDACs that are known to be involved in a wide variety of cellular processes. HDAC 
1 shows similar expression in soft and stiff hydrogels, while HDAC 2 and 3 are more highly 
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expressed in MEFs cultured on the soft hydrogels (Figure 2.1C). Western blot analysis reveals 
significant increased expression levels of HDAC1 and increased, but not significant, expression 
ofHDAC2 on soft hydrogels (Figure 2.2). This result is consistent with the pattern in Ac-K 
where we would expect high HDAC activity would correspond with low Ac-K levels. 
Correlation plots of nuclear area and HDAC2 reveals no significant correlation (Figure 2.3). 
 
Histone deacetylase 4 expression and localization is mechanosensitive 
A class 2 deacetylase, HDAC4, has been implicated in regulating gene expression associated 
with a variety of cellular functions including fibroblast-myofibroblast differentiation[191], [196], 
[197]. Immunofluorescence imaging of HDAC4 in our MEF cultures demonstrates a similar 
trend to our observations with the class 1 HDACs – higher expression on soft substrates 
compared to stiff substrates after 4 hours of culture (Figure 2.4) and at 24 hours of culture 
(Figure 2.5d). However, while HDAC1, 2, and 3 only show nuclear localization, HDAC4 will 
localize to both the nucleus and cytoplasm[191]. In our patterned cultures after reaching 
confluence (24 hours), we see a striking trend in localization on account of substrate stiffness, 
where there is significantly higher HDAC4 expression in the cytoplasm on soft gels (Figure 2.5). 
HDAC4 localization and expression level was confirmed by confocal microscopy and western 
blot analysis (Figure 2.6, Figure 2.8c). HDAC4 is shuttled back and forth from the nucleus to the 
cytoplasm on account of phosphorylation state which is regulated by the opposing activities of 
kinase and phosphatase enzymes[215]. To investigate the role of kinase and phosphatase activity 
in regulating HDAC4 localization, we selected inhibitors of several extracellular-related mitogen 
activated protein kinases (MAPK): SP600125 an inhibitor of c-Jun N-terminal Kinase (JNK), 
and FR180204, an inhibitor of Extracellular Related Kinase (ERK). Supplementation of our 
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MEF cultures with the JNK inhibitor decreased total HDAC expression but did not demonstrate 
significant changes associated with HDAC localization (Figure 2.7). However, treatment with 
the ERK inhibitor abrogated both the localization and stiffness-dependent differences in 
expression (Figure 2.5). Previous studies have demonstrated how ERK activity can direct the 
translocation of HDAC4[199]. Taken together, this suggests that ERK may play a role in 
regulating the phosphorylation state of HDAC4 in response to matrix stiffness.  
 
Next we investigated a phosphatase that has been previously associated with HDAC4 in 
regulating translocation from the cytoplasm to the nucleus, protein phosphatase 2a (PP2a)[201]. 
PP2a has been shown to dephosphorylate HDAC4 at multiple 14-3-3 binding sites, including 
S246, S467, S632, to regulate nuclear/cytoplasmic shuttling of HDAC4[201], [216]. Initially 
there is significantly higher PP2a and phosphorylated HDAC4 at S632 (pHDAC4) on soft gels 
compared to stiff gels; however, after 24 hours we see increased expression of PP2a and 
significantly decreased nuclear pHDAC4. Increased PP2a activity may correspond to increased 
nuclear localization of HDAC4 considering previous reports of this phosphatase regulating 
nuclear/cytoplasmic shuttling (Figure 2.8, Figure 2.9b). Thus, it is possible the increased levels 
of PP2a on softer substrates may lead to increased nuclear localization of HDAC4 at later 
timepoints. To follow the dynamics of HDAC4 activity we performed a timecourse study and 
observe enhanced total HDAC4 levels in fibroblasts cultured on soft hydrogels over 5 days 
(Figure 2.9c). On average we see significantly higher expression of PP2a on soft hydrogels 
relative to stiff hydrogels over time. However, we do see a reproducible increase in nuclear PP2a 
over the first 2 days on stiff hydrogels; we suspect this is related to another bioactivity that is not 




Myofibroblast differentiation is enhanced within microtissues on soft matrices 
A key bioactivity where gene expression has been shown to be influenced by HDAC4 is the 
fibroblast-myofibroblast transition involved in wound healing [196], [197] where HDAC4 has 
been shown to be required by TFGβ1 induced myofibroblastic differentiation and silencing of 
HDAC4 blocks TFGβ1 stimulated αSMA expression. However, the relationship between 
HDAC4 localization and fibroblast-myofibroblast differentiation, and a potential role for matrix 
mechanics, remains to be explored. To investigate whether our MEFs are undergoing 
myofibroblast differentiation due to differences in HDAC4 localization on our engineered 
substrates, we immunostained our cultures for proteins involved in fibroblast adhesion to 
fibronectin. After 24 hours in culture we see significantly higher paxillin staining for MEFs 
cultured on soft hydrogels relative to stiff hydrogels (Figure 2.10, Figure 2.11). Paxillin is a focal 
adhesion protein which has been shown to have a regulatory role in pulmonary arterial smooth 
muscle cells[217] and is an early marker for cardiac fibroblast to myofibroblast 
differentiation[218], [219]. Vinculin, another focal adhesion protein indicated as an early marker 
for cardiac fibroblast to myofibroblast differentiation[219], showed increased expression as 
substrate stiffness increased. When our cultures are stained for smooth muscle actin (αSMA), the 
actin isoform employed by myofibroblasts, we see increased expression in cells cultured on soft 
hydrogels. Western blot analysis shows increased trend of paxillin, vinculin, and αSMA on softer 
substrates, though it is not statistically significant. This suggests that MEFs are possibly 
initiating fibroblast to myofibroblast differentiation on softer gels with increased paxilin and 
αSMA. This is interesting considering previous research with collagen coated hydrogels which 
indicated increased myofibroblast differentiation on stiffer environments due to TFGβ 
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activation[220], though it is worth noting that our system has a wider range of stiffness than 
those previously utilized (0.5 kPa-100 kPa versus 0.5 kPa-20 kPa). Our results suggest that 
HDAC4 localization plays a role in fibroblast to myofibroblast differentiation in response to 
stiffness. While we did not explore TGFβ signaling in our system, it is reasonable to expect that 
matrix mechanics will influence the secretory profile from MEFs. For instance, previous research 
has shown that matrix mechanics can influence secretory profiles of mesenchymal stem 
cells[205]. Future research will involve profiling the secretome to discern relationships between 
matrix mechanics and cytokine secretion during fibroblast-myofibroblast transitions on 
micropatterned hydrogels.  
 
2.4 Discussion 
Morphogenetic processes in vivo are coordinated by interplay between the microenvironment 
and intracellular pathways that regulate changes in gene expression. In this chapter we report the 
discovery of a relationship between matrix stiffness, mechanotransduction, the regulation of 
HDAC localization, and fibroblast-myofibroblast differentiation. HDAC4 expression increases 
when fibroblasts are cultured on soft hydrogels (0.5 kPa) relative to stiff hydrogels (100 kPa), 
with preferential localization to the cytoplasm through phosphorylation. The opposing activities 
of HDAC4 and PP2a influences the phosphostate of HDAC4 which in turn determines the 
enzymes’ localization. We propose that fibroblasts regulate this balance in response to 
extracellular mechanical cues to influence HDAC4 localization, and the acetylation state during 
fibroblast-myofibroblast transition. This result provides an example of how class II histone 
deacetylase enzymes may be involved in mechanosensing as direct players in regulating cellular 
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epigenetics and gene expression associated with morphogenesis. We believe this work will be of 





Figure 2.1. Change in substrate stiffness leads to changes in the chromatin state for fibroblasts in 
culture. A) Scheme depicting our polyacrylamide hydrogel patterning approach. B) Cell nuclear 
area and global lysine acetylation (Ac-K) is lower in fibroblasts cultured on softer substrates. 
N=12, N=3 respectively. C) Changes in class I HDAC expression as a function of stiffness. N=3. 





Figure 2.2. Western blot analysis confirms change in class I HDAC expression for fibroblasts 








Figure 2.3. Correlation plot of nuclear area and HDAC2 intensity of fibroblasts cultured on soft 






Figure 2.4. Fibroblasts cultured on soft hydrogels 4 hours after initial adhesion show higher 
expression of HDAC4 compared to fibroblasts cultured on stiff hydrogels. Left: Example image 
of immunofluorescence staining of HDAC4, right: quantification of HDAC4 staining. N=3; 






Figure 2.5. HDAC4 localization is influenced by substrate stiffness. A) Immunofluorescence 
images of HDAC4 with and without ERK inhibition in fibroblasts cultured on soft (0.5 kPa) and 
stiff (100 kPa) polyacrylamide hydrogels. B) Quantitation of fluorescence intensity. N=3. Error 





Figure 2.6. HDAC4 localization is confirmed by confocal microscopy and exhibit higher 






Figure 2.7. Fibroblasts cultured on soft hydrogels show higher expression of HDAC4, and 
increased cytoplasmic localization, compared to fibroblasts cultured on stiff hydrogels. 
Treatment with inhibitors of c-Jun N-terminal Kinase (JNK) decreases HDAC4 expression. Left: 
Example image of immunofluorescence staining of HDAC4, right: quantification of HDAC4 






Figure 2.8. Western blot analysis confirms changes in pHDAC4 and PP2a levels for fibroblasts 
cultured on substrates of different stiffnesses. N=4, Error bars represent ±SEM; **p-value < 





Figure 2.9. The phosphostate and nuclear localization of HDAC4 on soft hydrogels is guided by 
phosphatase PP2a. A) Immunofluorescence images and quantitation of pHDAC4 and PP2a 4 
hours after fibroblast seeding. N=3; Error bars represent ±SEM. *p-value < 0.001; scale bar = 90 
µm B) Immunofluorescence images and quantitation of pHDAC4 and PP2a 24 hours after 
fibroblast seeding. N=3; Error bars represent ±SEM. *p-value < 0.001; scale bar = 90 µm C) 
Timecourse analysis of nuclear HDAC4 and PP2a. N=3; Error bars represent ±SEM. *0.5kPa 
cytoplasmic HDAC4 is higher than nuclear, p<0.05. §0.5kPa cytoplasmic HDAC4 is higher than 
100kPa cytoplasmic HDAC4, p<0.05. ¥0.5kPa nuclear HDAC4 is higher than 100kPa nuclear 






Figure 2.10. Fibroblast-myofibroblast transition is influenced by matrix mechanics. A) 
Immunofluorescence images of fibroblasts cultured on soft and stiff hydrogels stained for focal 
adhesion proteins and markers of smooth muscle. B) Quantitation of immunofluorescent images. 
N=3; Error bars represent ±SEM. C) Western blot of focal adhesion proteins and αSMA of 






Figure 2.11. Quantification of western blot of focal adhesion proteins and αSMA of fibroblasts 




CHAPTER 3  






Cells and their microenvironment interact through a complex combination of pushing and pulling 
forces that in turn affect processes such as cell adhesion, migration, proliferation and 
differentiation[221].  The cytoskeletal network, which is made up by filamentous actin, 
intermediate filaments, and microtubules, mediates the transmission of forces within the 
cell[109].  The cytoskeletal elements bind to focal adhesion (FA) proteins at the cell membrane, 
that in turn mediate interactions with the extra-cellular matrix (ECM) through cell surface 
integrins.  The mechanical forces generated at these interfaces influence biochemical signaling, 
in a process termed mechanotransduction, which has important implications on cell fate, and 
downstream tissue form and function[222].  A focal adhesion, thus, serves as both the point at 
which the cell may exert forces on its surroundings and as the cell’s window into mechanical 
changes occurring in the surrounding tissue, leading to adaptive changes within the cell. 
Understanding mechanotransduction is especially critical in cancer cell biology, where processes 
such as cell lamellipodia extension, migration, and angiogenesis, are mediated through 
interactions with the surrounding ECM and can dramatically influence the aggressiveness and 
metastatic potential of the cancer[115], [208], [223], [224].  In addition to pathological 
processes, during normal development, mechanochemical signals regulate stem cell lineage 
determination, where the ECM provides context to guide the integration of multiple cues from 
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the microenvironment.  Stem cells show a degree of lineage plasticity and can shift their state 
through interrogation of ECM mechanics and composition.  The mechanical interactions between 
stem cells and their environment influences proliferation, migration and differentiation, towards 
the regulation of wound healing, tissue morphogenesis and homeostasis[225]–[228].   
 
In recent years, significant progress has been reported in the development of quantitative 
techniques to measure cell generated forces (see Ref. [229] for a recent review).  These methods 
can be broadly classified into two categories: active, i.e., based on measuring the response of the 
cell to application of external forces, and passive, built on measuring the substrate deformation 
due to intrinsic, cell-generated forces.  Common methods within the first category are atomic 
force microscopy, optical tweezers, and magnetic tweezer[230]–[234].  However, these methods 
suffer from the limitations in spatial sampling and restrictive thresholds for the measurable 
forces.  Traction force microscopy techniques that have gained the most widespread adoption 
employ micropatterned pillars, textured substrates, and coated fluorescent beads.  Traction forces 
from micropillar arrays are calculated from the bending of soft pillars of known mechanical 
properties[234], [235]. However, by restricting the cell adhesion cites to the locations of the 
micropatterned pillars, this technique is not an ideal representation of 2D cell culture. Substrate 
deformation measured from textured PDMS substrates are an alternative method[236].  This 
technique requires florescent tagging of the focal adhesion sites within the cell.  A similar 
method looks at the displacement of topographically patterned dots, however the method has 
multiple shortcomings from computational assumptions including limited spatial resolution, and 
the requirement that one observe single cells, or, at least, cells with  high degree of spatial 
separation[162].  Another established approach involves the incorporation of fluorescently 
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tagged beads within an elastic substrate to study the traction of multiple cells[237], [238].  
However, this method requires the removal of cells from the substrate surface in order to obtain 
the initial configuration of the incorporated beads, which is a tedious and error-prone process. 
Recently, other fluorescence based approaches includes confocal traction force microscopy 
which relies on nanodrip-printed monocrystalline array of fluorescent quantum dots[239] or 
super-resolved traction force microscopy (STFM) which uses stimulated emission depletion 
(STED) microscopy to measure displacement of fluorescent beads[240]. These approaches 
alleviate some of the previous limitations, but at the same time rely on specialized, high-
precision substrate preparation, require expensive setups, and retain the need for fluorescent 
particles. Holographic traction force microscopy measures traction force without the need of 
fluorescent partials yet still requires non-fluorescent beads embedded within polyacrylamide 
hydrogels thus retaining the need for tracking individual particles[241].   
 
In this chapter, we present a multimodal microscopy-based approach that monitors cell growth 
using spatial light interference microscopy (SLIM) in transmission simultaneously with cell 
generated traction force monitoring in epi-fluorescence mode through a novel technique we 
developed called Hilbert phase dynamometry (HPD).  SLIM[242]–[245] performs mass 
measurements through quantitative phase imaging (QPI) of live mesenchymal stem cells in 
unperturbed culture under three different conditions: no treatment, adipogenic differentiation and 
osteogenic differentiation. QPI is an emerging field of label-free imaging that has found 
important applications in biomedicine[246]. Among them, studying cell growth has perhaps the 
broadest potential ramifications as it addresses this “long-standing question in biology”[247]. 
The label-free nature of SLIM measurements in the transmission channel of a conventional 
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microscope allows for using the epi-fluorescence channel for force measurements using HPD. 
HPD measures forces exerted by cells in real-time, over extended periods of time. The cells are 
grown on flat, deformable substrates with a customized 2D fluorescent adhesion protein grid 
patterned at sub-cellular resolution. The in-plane displacement field is continuously measured 
with high spatial and temporal resolution. The adherent cell-induced strain field is contained in 
the 2D phase map of the complex analytical signal associated with the periodic grid. The key 
principle of HPD is rooted in calculation of displacement fields using the principles of phase 
reconstruction used in off-axis holography, as developed by Leith and Upatnieks in the 
1960s’[248] (for a review on phase reconstruction and imaging, see also[246]). From the 
displacement field, we solve the inverse elasticity problem and extract a traction force vector 
field. Since the fluorescent grid is patterned for uniform sampling of the substrate, HPD 
eliminates the need for tracking individual particles. It can also monitor cell behavior 
continuously, without removing the cells from culture.  Thus, through synchronized channel 
switching on the microscope, we are able to simultaneously measure cell growth and traction 
forces using SLIM and HPD respectively during stem cell differentiation. We used mesenchymal 
stem cells (MSCs) as a model since it is an adherent adult stem cell line that shows high 
responsivity to ECM properties[151], [152], [206], [237]. Our results show that cells undergoing 
differentiation, osteogenesis and adipogenesis, exerted larger and more dynamic stresses than 
their precursor. Additionally, MSCs exert the smallest forces and have the lowest growth rates 
compared to their differentiated progeny. Thus, by using integrated HPD-SLIM system, we 





3.2 Materials and Methods 
 
Gel Preparation 
10kPA polyacryamide hydrogels were fabricated by mixing 5% polyacrylamide (Sigma Aldrich) 
and 0.15% bis-acylamide (Sigma Aldrich) as previously described [202]. 0.1% Ammonium 
Persulfate (APS, Sigma Aldrich) and 0.1% Tetramethylenediamine (TEMED, Sigma Aldrich) 
was added to the acrylamide mixture and pipetted onto a hydrophobically treated glass slide 
(Fisher).  An amino-silanized glass cover slip was then flipped onto the solution and allowed to 
incubate for 20 minutes. Gels were then lifted off and immersed in 55% hydrazine hydrate 
(Fisher) for two hours to convert amide groups to reactive hydrazide groups, followed by 
immersion in 5% glacial acetic acid for one hour. Gel stiffness was confirmed with AFM as 
previously described[92]. In order to prepare the substrates for protein patterning and cell 
adhesion, hydrazine hydrate was used to convert PAAm amide groups to reactive hydrazide 
groups allowing for the conjugation of ECM proteins via coupling of aldehyde groups formed 
after oxidation with sodium periodate (Figure. 3.1a). 
 
Gel Patterning 
A patterned master of photoresist (SU-8, Microchem) was created via UV light through a laser 
printed mask. Polydimethysiloxane (PDMS, Polysciences, Inc) was then polymerized on top of 
the master to create a stamp with 9 m spaced grids, such that FITC conjugated and non-FITC 
conjugated adhesion proteins were placed in alternating 9 m intervals along both the X and Y 
axes. In principle, there is no limitation on grid periodicity provided that it can be resolved by the 
imaging system. A mixture of 25µg/ml of fibronectin and 25 µg/ml of FITC conjugated 
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fibrinogen was incubated with Sodium Periodate (Sigma Aldrich) for 20 min to yield free 
aldehydes.  This incubation took place on top of the patterned PDMS stamp for 30 mins, air 
dried and then applied to the surface of the hydrogel, which had been dried in room temperature 
for 40 minutes (Figure 3.1b).  Next, 25 µg/ml fibronectin on a blank PDMS stamp was applied 
onto the hydrogel, following the same procedures as the previous step (Figure 3.1c).  By 
following these procedures, we obtained a uniform distribution of adhesion proteins on the gel 
surface for attachment of cell with periodic regions displaying fluorescence signal.  The 
coverslip with the gel was then glued to the bottom of a glass-bottom cell culture dish (MatTek) 
at two points using tissue adhesion glue (Liquid bandage, CVS).   
 
Cell Culture and Staining 
Human mesenchymal stem cells (MSC, Lonza) were allowed to grow until they reached 70% 
confluency and then seeded onto a 6-well plate to initiate differentiation processes. The cells 
were cultured in MSC growth media (low glucose DMEM, 10% FBS, 5% Pen/Strep, Gibco), 
adipogenic media (Lonza), or osteogenic media (Lonza) for one week. Adipogenic media was 
rotated between induction and maintenance every 3 days. Cells were then lifted off the substrate 
with 0.25% trypsin (Sigma Aldrich) and seeded onto glass-bottom dishes (Figure 3.1d) and 
imaged using the multi-modal SLIM system. At the end of imaging, to confirm cell lineage, the 
cells were fixed with 4% paraformaldehyde (PFA) for 20 minutes and incubated in 60% 
isopropanol for 5 min followed by immersion in Oil Red O working solution (3:2; 300 mg/mL 
Oil Red O in isopropanol:DI water, Sigma Aldrich) for 10 min and then BCIP/NBT (Sigma 




Multi-modal SLIM/ Fluorescence Imaging System 
Spatial light interference microscopy (Cell Vista SLIM Pro, Phi Optics, Inc.) is a QPI system that 
operates as an add-on module to an existing commercial phase contrast microscope[243], [249].  
The back focal plane of the phase contrast objective is projected onto a liquid crystal phase 
modulator, where programmable phase rings introduce 3 additional phase shifts, in increments of 
/2, between the scattered and un-scattered light transmitted through the sample.  The phase is 
computed in real-time using the corresponding intensity images.  Using software developed in-
house, the imaging modality can be switched between phase and various fluorescence channels.  
Thus, we are able to obtain quantitative phase images for cell mass measurements and FITC 
images for measurement of the deformation fields within the same field of view. 
Mesenchymal stem cells, adipocytes and osteocytes placed on deformable substrates with 
fluorescent protein grids were imaged using the phase and FITC module on the SLIM system 
using a 20X/0.45NA objective.  The cells were imaged for 12 hours at 15-minute intervals. 
Typically, 6-8 fields of view were selected from each plate for imaging.  The FITC image was 
taken at the plane of focus for the protein stamp, while the SLIM data were recorded as z-stacks 
with 2 frames above and below the plane of focus. This ensures longitudinal integration of dry 
mass of the cell along its entire thickness. The maximum phase projection through the SLIM z-
stack at each time point accounts for changes in cell structure during longitudinal studies. Cell 
mass was calculated from the phase image using the following relationship, as described in detail 
in[245], [250]: 
ρ(x,y)=λφ(x,y)/2πγ         [5] 
where λ is the central wavelength of the light source, φ(x,y) is the phase value of the 
corresponding pixel and γ = 0.2ml/g, is the refractive index increment of protein[251].  Since the 
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mass from multiple cells are averaged for analysis, the mass of each cell at each time point was 
calculated relative to the first time point (relative cell mass).  With this procedure, we eliminate 
the possibility of a few cells with larger mass dominating the mean mass measurements and 
therefore, growth trends.  
 
3.2 Results 
Technique development: Hilbert Phase Dynamometry (HPD) 
Hilbert phase dynamometry relies on the extraction of displacement maps of adhesion proteins 
on a deformable substrate using holographic principles and solving the inverse elasticity 
problem. The preparation of substrates for retrieval of cell-induced deformation fields and thus, 
HPD-based force calculations, is illustrated in Figure 1. First, the 10kPa stiffness polyacrylamide 
(PA) gel is chemically activated and stamped with FITC-conjugated adhesion protein, to create a 
9 m period grid in both x and y directions (Figure 3.1 a-b). The substrate is then uniformly 
exposed to non-fluorescent fibronectin to ensure homogeneous cell adhesion to the substrate 
(Figure 3.1c). In this way FITC conjugated and non-FITC conjugated adhesion proteins are 
placed in alternating intervals, such that the cells do not sense the grid and, upon traction, 
generate bending of the substrate in both directions. The cells were seeded and allowed to settle 
on the substrate for an hour before imaging in epi-fluorescence mode for extraction of 
displacement maps (Figure. 3.1d). 
 
Calculation of displacement maps 
The deformations in the substrate are measured from the phase of the 2D periodic signal 
associated with the fluorescence measurements of the grid (Figure 3.2a). The image of the 9µm 
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periodicity fluorescent protein grid used in this study is shown in Figure 3.2b and the absolute 
value of its Fourier transform is shown in Figure 3.2c. Because the grid is not perfectly 
sinusoidal in shape, the Fourier transform of its image generates multiple orders along each 
direction laterally (x, y directions). However, if we only retain the first orders in both x and y 
directions, the analysis is equivalent to that of a perfect sinusoidal grid. The signal of interest 
along each direction has the form  
, ,cos ( , )x y x yR A x x y     ,       [1] 
where Rx,y are the sinusoidal fluorescence intensities (real-value of the signals) along x 
and y, 𝜙x,y(𝑥,𝑦) the respective phases that incorporate the displacement information, and  the 
spatial frequency of the grid, =2π/9 rad/m (See Supplemental Section 1 for more details). We 
apply a spatial frequency filter that selects the first order in the x and y direction as shown, in 
Figures 3.2d and 3.2e, respectively. Inverse Fourier transform of the signals in Figures 3.2d and 
3.2e results in complex signals, namely the complex analytic signals associated with Rx, y. The 
concept of the complex analytic signal associated with a real optical field was exploited early on 
by Gabor[252] and served as foundation for his development of holography[253]. These two 
complex signals, one for each direction, are derived from the fluorescent protein grid image via 
the following expressions 
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where P stands for principal value integral. The sequence of performing a Fourier transform of 
the real signal, spatial filtering, followed by inverse Fourier transform back to the spatial domain, 
is a Hilbert transform[254], which is captured in the HPD acronym. The argument of each signal 
provides the deformation of the grid at each point in the field of view along each direction, 
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, ,arg( )x y x yz  . The phase maps associated with the grid in Figure 3.2b are shown in Figures 3.2f 
and 2g, respectively. This phase information, in radians, is converted into spatial displacement, 








,         [3] 
where   is the period, 9 m  .  
 
Calculation of force fields 
The force field is extracted from the deformation map by solving a linear Cerruti-type inverse 
problem (Figure 3.2a)[255]. Due to the linearity of the problem, the 2D displacement field u at 
position x and a disk distributed force of density f applied at an arbitrary position x’ are related 
via a simple matrix vector multiplication: 
       [4]  
In Eq. 4, the 2x2 matrix  is a response (or transfer) function that describes the displacement 
response of the substrate, and is obtained by solving a Cerruti type problem[255] (Figures. 3.3a-
c). We used disk distributed forces to represent the traction forces applied by the cell at focal 
adhesion (FA) sites. If one were given the locations of all FAs and the tractions that they 
produce, the surface displacements are then computed from the sum of the displacements 
associated with each FA separately, as shown in Eq. (4). Given a measured displacement map of 
size N × N, and a grid of hypothetical FAs position of size M × M (with M ≤ N), the problem of 
finding the forces exerted by the cell on these FAs can be written as the following linear system:  
      [5]  
In Eq. 5,  represents the summed response functions between multiple displacements and 
forces position. Finally, the force field  is computed by inverting the system above using a least 
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square approximation, which concludes the HPD procedure. Figure 3.3d shows the force field 
calculated by HPD overlaid on the image of the cell. Supplemental movies S1-6 illustrate the 
work-flow for real-time calculations of force fields from the displacement maps for several cells. 
 
Microscopy: Synchronized cell mass and force measurements 
The experimental setup for simultaneous measurement of cell mass and cell-induced traction 
forces, by software-based synchronization of SLIM and HPD are shown in Figure 4a. The 
measurements were performed with an inverted microscope, outfitted with both a SLIM module 
(Cell Vista SLIM Pro, Phi Optics, Inc.), and an epi-fluorescence optical train (see Figure 3.4a 
and Materials and Methods for further information on the optics)[249]. The epi-fluorescence 
channel provides images of the FITC-conjugated adhesion protein grid, while SLIM renders 
quantitative phase images in trans-illumination, which can be further analyzed in terms of cell 
dry mass density[245]. SLIM exploits the intrinsic refractive index contrast in live cells and is 
therefore, label-free enabling cell imaging over many hours without negative effects on cell 
viability. The SLIM and fluorescence channels are overlaid at the pixel level because of the 
common optical train used for measurements and hence, there is no need for computationally 
expensive registration algorithms.  
 
The microscope can switch between the fluorescence and SLIM channels in 0.7 s, which makes 
it particularly appealing for studying traction and cell growth simultaneously. This multi-modal 
setup can be programmed to scan large fields of view in the lateral direction (x-y), acquire depth 
scans (z-stack), as well as acquire images over variable time lines (seconds to days) at pre-




Application: Interaction between traction forces and growth during mesenchymal stem cell 
differentiation 
We cultured bone marrow derived mesenchymal stem cells (MSCs), and then subjected them to 
media containing soluble supplements supporting adipogenesis or osteogenesis for 1 week (see 
Materials and Methods for details on the differentiation process). We chose to study MSCs 
because these cells are a promising avenue for autologous therapy, and no technique to date has 
been able to relate cell-matrix traction and growth during lineage specification. Figure 3.4 
demonstrates that displacement and dry mass density maps can be obtained simultaneously and 
quantitatively by our method.  
 
Previous reports have shown changes in cytoskeleton structure and contractility in MSCs 
undergoing osteogenesis or adipogenesis[256], which could lead to changes in focal adhesions 
and traction force[257]. In order to test the sensitivity of our system, we seeded patterned 
hydrogels with MSCs that were exposed to either basal, osteogenic, or adipogenic media for one 
to two weeks. To confirm differentiation of MSCs, cells were stained after one week in 
differentiation media with Oil Red O to confirm adipogenesis and with alkaline phosphatase to 
confirm osteogenesis. Figure 4 illustrates the concomitant measurements of traction and SLIM 
acquired over 10 hours, with a temporal sampling of 15 minutes. There are clear morphological 
differences between the three cell types. In particular, the MSCs are significantly smaller in size. 
The overlays between SLIM and the magnitude of the force field show that the forces applied by 
the MSCs are the smallest. The results also indicate that the forces exerted by the cells become 




Histological staining of MSCs exposed to the different media formulations demonstrates the 
appearance of alkaline phosphatase in the osteogenic conditions and accumulation of lipid 
droplets in the adipogenic conditions (Figure 3.5c). The histogram of all the measured forces 
(Figure 3.5a) indicate that the mesenchymal stem cells apply the lowest mean force and also 
display the narrowest spread in force magnitude (22.9±17.1nN). The largest mean tractions are 
produced by the adipocytes (51.5±39.2nN) followed by cells undergoing osteogenesis 
(36.3±30.4nN). At the same time, the lowest dry mass growth was shown by the MSCs and the 
highest by the osteoblasts (Figure 3.5b).  
 
3.4 Discussion 
Understanding cell mechanotransduction is important for discerning matrix structure-cell 
function relationships underlying health and disease. Despite the crucial role of 
mechanochemical signaling in phenomena such as cell migration, proliferation, and 
differentiation, measuring the cell-generated forces at the interface with the extracellular matrix 
remains challenging. An ideal method would provide continuous, non-destructive images of the 
force field applied by cells, over broad spatial and temporal scales while also allowing the study 
of other native cell behaviors. Our combined approach of SLIM and HPD enables simultaneous 
measurement of changes in cell mass and dynamic traction in real time during the initial stages 
of lineage specification. This advance provides the first technique where dynamic interactions of 




Recent studies using beaded polyacrylamide hydrogels for traction force microscopy have 
demonstrated that the magnitude of traction forces are higher when the gels are conjugated with 
fibronectin, as opposed to laminin or collagen[148], [258]. Therefore, we conjugated fibronectin 
in patterned grids for our combined SLIM-HPD studies on cellular behavior during 
differentiation processes. Cells exposed to osteogenic supplements, including ascorbic acid, β-
glycerophosphate, and dexamethasone, exerted higher traction stress over time compared to 
MSCs cultured under standard growth media. Cells exposed to adipogenic supplements, 
including indomethacin, insulin, dexamethasone, and isobutylmethylxanthine, exerted 
significantly higher traction stress compared to both MSCs in growth media and those 
undergoing osteogenesis. Previous work has demonstrated increased traction stress exerted by 
cells on microposts during the initial stages of adipogenesis and osteogenesis compared to 
MSCs[257], thus supporting our observations of increased and more dynamic traction forces 
during cell differentiation. Fu et. al. observed an initial spike in traction forces followed by a 
rapid decay to basal levels for cells undergoing adipogenesis (over 7 days; micropost 
arrays)[257]. However, our study showed that cells undergoing adipogenesis exerted higher 
average traction compared to cells undergoing osteogenesis and those under basal conditions. 
We attribute this variance to differences in experimental conditions: we trypsinized MSCs after 1 
week in differentiating media, followed by a transfer to patterned substrates for HPD and SLIM 
measurements under normal media conditions. We performed our analysis in the absence of 
hormones to aid the unambiguous assessment of cell generated force as a function of cell state. 
We believe that the observed differences in cell traction force is related to the evolution of 
mechanosensing machinery and the actomyosin network that has previously been shown to 




Previous studies have demonstrated enhanced proliferation rates in MSCs undergoing 
differentiation, with the supplements dexamethasone and ascorbic acid playing a clear role in this 
phenomenon[259], [260].   Multipotent MSCs are known to show a degree of quiescence with 
low division rates when cultured in niche-mimetic conditions[122], [153], [260]. We observed 
enhanced cell dry mass growth with adipogenesis > osteogenesis > basal conditions, which is 
consistent with known relationships between differentiation and proliferation. By simultaneously 
quantitating traction force using HPD and measuring cell growth with SLIM, we demonstrate the 
superior reporting capability of this multi-modal imaging approach.  
 
This multi-modal SLIM-HPD approach enables in situ tracking of relationships between 
extracellular motif recognition, force transduction, and specific bioactivities including growth 
and differentiation. Thus, we anticipate that our technique will improve understanding of 
mechanotransduction, particularly during dynamic processes where the matrix properties provide 
context to guide cells towards a physiological or pathological outcome, e.g., tissue 






Figure 3.1. Engineering of polyacrylamide hydrogels for traction force measurements using 
Hilbert Phase Dynamometry. (A) Polyacrylamide hydrogels are activated with hydrazine hydrate 
to form hydrazide groups for conjugation of extracellular matrix proteins. (B) A fluorescent grid 
of 9µm spacing containing a mixture of 25µg/ml fibronectin and 25 µg/ml FITC-conjugated 
fibrinogen is stamped onto the activated hydrogel using a PDMS stamp. (C) Blank PDMS stamp 
with 25 µg/ml fibronectin is used to fill the hydrogel with non fluorescent adhesion proteins. (D) 
Cells are seeded onto the gel with uniform distribution of adhesion of proteins, and allowed to 





Figure 3.2. Schematic illustration of the process to reconstruct the lateral displacement map (X 
and Y displacements). (A) The traction force f exerted by the cell on the substrate can be 
retrieved by measuring the resulting substrate deformation u. (B) The raw fluorescence image of 
the engineered hydrogel with 9µm spacing fluorescent adhesion protein grid (C) Fourier 
transform of the fluorescence image of the hydrogel (D-E) Zooming into the central region of the 
Fourier transform shows well separated orders in X and Y due to the periodicity of the grid. The 
spectrum is band pass filtered over the regions shown. (F-G) Inverse Fourier transform of 




Figure 3.3. Calculation of force field from lateral displacement maps. (A) Quantitative phase 
image of a cell (adipocyte) on polyacrylamide hydrogel coated with 2D fluorescent fibronectin 
grid at 9µm periodicity at the beginning of the experiment. (B) X displacement map calculated 
from the phase map of the fluorescent grid deformations. (C) Y displacement map calculated 
from the phase map of the fluorescent grid deformations. (D) Cell traction force calculated from 
the X, Y displacement maps by solving an inverse linear Cerruti-type elasticity problem is 
overlaid on the image of the cell. N=3, 43 images collected from each distinct sample with SLIM 





Figure 3.4. Simultaneous measurements of cell growth using Spatial Light Interference 
Microscopy (SLIM) and traction force using Hilbert Phase Dynamometry (HPD). (A) An 
inverted microscope with a common optical train is used for measurement of SLIM in 
transmission mode and displacement maps for HPD in the epi-fluorescence mode. (Row B) 
Mesenchymal stem cells imaged using SLIM and traction force (red overlay) calculated using 
HPD from the epi-fluorescence image of the same field of view overlaid on the phase image 
(green) at t = 0min and t=600 mins. (Row C) MSC differentiated into adipocytes imaged using 
SLIM and traction force (red overlay) calculated using HPD from the epi-fluorescence image of 
the same field of view overlaid on the phase image (green) at t = 0min and t=600 mins. (Row D) 
MSC differentiated into osteocytes imaged using SLIM and traction force (red overlay) 
calculated using HPD from the epi-fluorescence image of the same field of view overlaid on the 
phase image (green) at t = 0min and t=600 mins. N=3, 43 images collected from each distinct 






Figure 3.5. Cell lineage specific simultaneous traction force and growth calculations. (A) 
Histograms showing the distributions of cell traction forces associated with mesenchymal stem 
cells (black), adipocytes (red), and osteoblasts (purple), across the entire experiment.  The 
average magnitude of force exerted by adipocytes was the highest and that of mesenchymal stem 
cells was the lowest. Differentiated cells demonstrated higher traction force magnitude and 
dynamic force distribution. N=3, 43 images collected from each distinct sample with SLIM. This 
experiment was replicated three times. (B) Growth curves displaying the relative cell mass of 
mesenchymal stem cells, adipocytes and osteoblasts longitudinally through the experiment. 
Differentiated cells had higher growth rates than mesenchymal stem cells. N=3, 43 images 
collected from each distinct sample with SLIM. This experiment was replicated three times.(C) 
At the end of the experiment, cells were stained with Oil Red O+ (red), an adipogenic marker, 
and ALP+ (purple), a marker for osteogenesis, to verify lineage-specific cell differentiation. 
N=3, image collected from distinct samples with phase contrast microscope. This experiment 
was replicated three times. Plots shown represent average of three distinct samples. Error bars 






 SOMATIC CELL REPROGRAMMING ON MICROENGINEERED SURFACES 
 
4.1 Introduction 
We have shown that signal from the extracellular matrix can influence cell epigenetic state and 
cellular growth. During reprogramming, MEFs change their cellular shapes and organization. 
Just prior to reprogramming, MEFs undergo a mesenchymal to epithelial transition (MET) and 
express high levels of epithelial marker E-cadherin[261]. The cell shape is changed from 
elongated fibroblastlike to circular where cells pack tightly together to form aggregated colonies. 
While the influence of ECM on MET is still unclear, previous work has demonstrated the 
influence of ECM on EMT, the reverse process where cuboidal, polarized epithelial cells 
attached to the basement membrane undergo a physiological change to adopt an elongated 
mesenchymal cell morphology with increased migratory capacity and increased production of 
ECM components [61]–[63]. For example, type I collagen gels can induce EMT of 
thyroidepithelial cells [68], [69] laminin can suppress EMT of mammary epithelial cells, [70] 
and fibronectin enhances EMT of human bronchial epithelial cells [71]. The mechanical 
properties of the cell and tissue microenvironment can also play a role where a stiffer 
environment can promote EMT of murine mammary gland cells and Madin–Darby canine 
kidney epithelial cells [74]. Since the ECM have shown to influence EMT, it is possible that the 





Previous work has shown that biomaterials can influence iPS reprogramming. For example, 
heparin-binding peptides derived from vitronectin promote cell adhesion and are found to be 
effective in propagation and maintenance of pluripotency in iPS cells[262] whereas collagen was 
found to be a barrier to reprogramming[263]. The biophysical aspects of substrates also play a 
role. For example, parallel microgrooves and nanofibers can direct morphology of cells and 
increase the number of Nanog+ colonies through suppression of HDAC2 activity[264]. With 
regards to stiffness, it has been shown that softer 0.1kPa polyacrylamide gels induce MET and 
increased Oct4 and Sox2 expression as opposed to 20kPa gels[265].  
 
In this chapter, we demonstrate the capability of our model polyacrylamide system to influence 
cellular reprogramming. We show that with a combination of matrix elasticity and geometric 
cues, reprogramming efficiency can be increased and timeline for reprogramming can be 
shortened. Guided by the preceding chapters we aim to demonstrate how controlled presentation 
of biophysical stimuli will guide complex morphogenetic processes like de-differentiation during 
somatic cell reprogramming.  
 
4.2 Materials and Methods 
Cell Culture 
Mouse embryonic fibroblasts (MEFs) were a generous donation from Dr. Rupa Sridharan in the 
Department of Cellular and Molecular Pathology at the University of Wisconsin-Madison. MEFs 
were cultured in high glucose (5g/mL) DMEM with 10% fetal bovine serum (FBS, Invitrogen), 
1% NEAA, 1% glutamax, 0.0008% 2-mercaptoethanol, and 1% penicillin/streptomycin. Media 




MEFs were seeded on patterned polyacrylamide hydrogels or geltatin coated coverslips at 
~13,000 cells/cm
2  
with 2mg/ml doxycycline before reprogramming. At day 2, media was 
changed to iPS media consisting of  high glucose (5g/mL) DMEM with 10% knockout serum 
replacement, 1% NEAA, 1% glutamax, 0.0008% 2-mercaptoethanol, and 1% 
penicillin/streptomycin. Media was then replaced every 2 days. 
Immunocytochemistry 
MEFs on surfaces were fixed with 4% paraformaldehyde for 20 minutes at room temperature. 
0.1% Triton X-100 in PBS was added for 30 min to permeabilize cells which  were then blocked 
with 1% bovine serum albumin (BSA) for 15 min. Cells were then labeled with primary antibody 
in 1% BSA in PBS in 4°C overnight. Secondary antibody labeling was performed with Goat 
488-anti-rabbit (1:200 dilution) and Goat 647-anti-mouse (1:200 dilution) along with Hoechst 
33342 (1:3000 dilution) for 20 min in a humid chamber (37°C). Immunofluorescence 
microscopy was conducted with Leica Microsystems DMi8 confocal. 
Histological Evaluation 
Sections of paraffin-embedded MEF tubes were deparaffinized with xylene and rehydrated in a 
series of graded ethanol. For H&E, sections were incubated in hematoxylin and eosin. For 
Masson’s trichrome staining, sections were first incubated with Weigert's hematoxylin solution, 
followed by biebrich scarlet solution, phosphomolybdic acid solution and aniline blue solution to 







To study the combinatorial effect of substrate stiffness and geometry, we used the well-
established material polyacrylamide that can be formulated to span all physiologically relevant 
moduli[137], [266], with a covalent protein conjugation method involving hydrazine activation 
of acrylamide, oxidation of protein and deposition through contact printing[267]. MEFs carrying 
dox-inducible OSKM gene were patterned in 100,000 μm
2 
circles, non-patterned, and on glass. 
The patterned substrate organize MEFs into distinct circles to help guide the formation of 
colonies during the reprograming process (Figure 4.1). 
 
Before initiation of reprogramming factors, MEFs were observed on patterns for a period of 20 
days. After 7 days, MEFs consistently formed large aggregates of cells within the center of 
patterns across all stiffnesses (Figure 4.2a,c). There were less cell aggregates observed on non-
patterned surfaces and none observed on the glass control (Figure 4.2b). We stained cell 
aggregates for pluripotency markers Oct4 and Nanog along with MET marker E-cadherin and 
saw expression of all three markers on cell aggregates within patterned surfaces, but not on non-
patterned surfaces nor the glass control (Figure 4.2d) with the highest expression on 10kPa gels. 
Due to this, we decided to utilize the stiffness of 10kPa for future experiments. To explore gene 
expression across these conditions, we performed RNA sequencing of patterned and non-
patterned MEFs at different time points and observed increased expression of a wide variety of 
pluripotency and epigenetic markers (Figure 4.3). Previous work has shown variation in gene 
expression during different stages of the reprogramming process and the temporal regulation of 
these genes is important for successful reprogramming[268]. For example, expression of Esrrb, 
Utf1, Lin28, and Dppa2 are important for cell progression into iPSCs. Sox2 is expressed early in 
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the reprogramming process and Oct4, Sox2, Klf4, c-Myc, and Nanog are expressed in the late 
phase. Interesting, RNA sequencing of patterned MEFs have shown increased expression of 
LIN28, Dppa2, and ESRRB which is important for cell progression in iPSc, Sox2 which is 
important in the early phase, and Nanog which is important in late phase. This indicates that 
patterned MEFs may guide MEF reprogramming in all stages of the reprogramming process. 
RNA sequencing also showed increase in MET gene N-cadherin and EMT genes N-Cadherin, 
Twist1, Snail1, Snail 2, and TGF-beta1. We believe that for patterned MEFs to grow into a 3D 
structure, mesenchymal characteristics may be required for cells to proliferate and migrate. 
 
To determine proliferation potential of cell aggregates, MEF aggregates from patterned 10kPa 
surfaces were picked and placed on MEF feeder layers whose growth have been inactivated with 
mitomycin c. Interestingly, MEF aggregates show no growth inhibition and continued to 
proliferate to form larger elongated cell aggregates averaging 1cm in length (Figure 4.4a). To 
visualize its morphology, these large elongated cell aggregates were embedded in paraffin wax 
and sectioned with a microtome. Hematoxylin and eosin staining reveal a hollow center, 
indicating a tube-like structure with morphologically distinct regions of cells around the 
periphery. Trichrome staining confirmed morphology changes and indicated high levels of 
collagen around the periphery. Immunofluorescence staining also show increased level of α-
smooth muscle actin (αSMA) expression (Figure 4.4b). This indicates that patterning of MEFs 
on 10kPa hydrogels influences greater proliferation of MEFs which self-organize into tissue-like 
architectures. It is interesting that a subset of cells show molecular markers of myofibroblasts 
(αSMA) and are positionally oriented at the perimeter of the tissue which suggests an 
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organizational contractile function. It is possible that these cells are undergoing myofibroblast 
differentiation due to differences in stiffness and HDAC4 localization as explored in Chapter 2. 
 
To determine whether our patterned polyacrylamide system would influence reprogramming, 
MEFs containing dox-inducible OSKM transcription factors were seeded on patterned and non-
patterned 10kPa hydrogels along with a glass control. On day 7 after doxycycline induction, iPS 
colonies first appeared on patterned surfaces which were not observed on glass and non-
patterned controls. On day 9 after doxycycline induction, iPS colonies were first observed on 
glass and non-patterned controls (Figure 4.5a). Interestingly, iPS colonies on glass controls were 
larger than hydrogel systems (Figure 4.5b) and grew in 2D versus iPS colonies on hydrogel 
systems which grew in 3D aggregates. Patterned hydrogels also had higher reprogramming 
success rate at 100% of samples showing evidence of iPSC colonies as compared to 66% of non-
patterned hydrogels and 33% of glass controls. iPS colonies were stained with pluripotency 
markers Oct4, Sox2, and Nanog to confirm successful reprogramming (Figure 4.6). Interestingly, 
iPS colonies on glass controls have lower Nanog expression than iPS colonies on hydrogels.  
 
4.4 Discussion 
iPS cells have great potential for use in regenerative therapies and ECM properties can play an 
important role in guiding this process. In this chapter we demonstrate the capability of a 
polyacrylamide system combined with microcontact printing of adhesive proteins to influence 
cellular reprogramming. We show that with a combination of matrix elasticity and geometric 
cues, MEFs can be guided to self-organize. We report that patterned MEFs show increased 
expression of pluripotency makers and changes in their epigenetic profile. These MEFs also 
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show increased proliferation and self organization. Furthermore, reprogramming success rate 
was increased and formation of iPS colonies occurred at an earlier timepoint. This result shows 
the promise of demining novel biomaterials for the use of generation of iPS cells and can  





Figure 4.1. Schematic of MEF reprogramming on traditional non-patterned surface as compared 





Figure 4.2. Patterned MEFs form cell aggreagtes within patterned circles which express 
pluripotency markers Oct4 and Nanog and MET marker E-cadherin. A) MEFs consistantly form 
cell aggregates on 1kPa, 10kPa, and 100kPa patterned surfaces. B) Quantification of cell 
aggreagates. C) MEFs were monitored for 20 days to watch the formation of cell aggregates 
which did not form on non-patterned and glass controls. D) Imunoflourescence staining of MEFs 















Figure 4.4. MEF aggregates form tube-like structure when seeded onto MEF feeder layer. A) 
Brightfield image of elongated MEF aggregate. B) MEF aggregate was embeded in paraffin wax 








Figure 4.5. Generation of iPS colonies. A) iPS colonies first appear on patterned 10kPa 
polyacrylamide hydrogels on day 7 and non-patterned hydrogels and glass control on day 9. B) 












CONCLUDING REMARKS AND FUTURE PROSPECTIVES 
 
In this work we designed a platform to study how signals from biophysical interaction in 
extracellular space are propagated into the cell nucleus to influence epigenetics and showed that 
the propagation of this signal can influence reprogramming in vitro. We show in chapter 2, that 
signals from matrix elasticity translates into changes in the epigenetic machinery of the cell[269]. 
HDAC4 expression increases when fibroblasts are cultured on soft hydrogels (0.5 kPa) relative 
to stiff hydrogels (100 kPa), with preferential localization to the cytoplasm through 
phosphorylation. The opposing activities of HDAC4 and PP2a influences the phosphostate of 
HDAC4 which in turn determines the enzymes’ localization. Changes in localization of HDAC4 
leads to differences in gene expression and cell function. 
 
In chapter 3, we focus on the boundary between ECM and cell surface to understand the 
propagation of signal across the cell boundary. We combined our polyacrylamide model system 
with spatial light interference microscopy (SLIM) in order to design a novel patterning approach 
to simultaneously measure cell traction force along with cell growth and migration. We 
anticipate that our technique will improve understanding of mechanotransduction, particularly 
during dynamic processes where the matrix properties provide context to guide cells towards a 
physiological or pathological outcome, e.g., tissue morphogenesis, or cancer metastasis. 
 
In chapter 4, we aimed to utilize these tools to understand cellular reprogramming.  
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We demonstrate the capability of a polyacrylamide system combined with microcontact printing 
of adhesive proteins to influence cellular reprogramming. We show that with a combination of 
matrix elasticity and geometric cues, MEFs show increased expression of pluripotency makers 
and changes in their epigenetic profile. These MEFs also show increased proliferation and self-
organization. Furthermore, reprogramming success rate was increased and formation of iPS 
colonies occurred at an earlier timepoint.  
 
Overall this work provides several insights into the propagation of signal from the extracellular 
matrix outside the cell, across the cell boundary, and translating into epigenetic changes. We also 
show the promise of demining novel biomaterials for the use of generation of iPS cells. 
However, before this work can translate into tangible biomaterials for use in clinical 
applications, more work must be done to fully understand the influence of materials on 
reprogramming. Before iPS cells can be used in clinical applications, further work must be done 
to characterize the range of epigenetic changes. While we identified changes in histone 
modification, changes in other epigenetic modifiers such as DNA methylation and DNA 
methylation related enzymes need to be explored. In addition, further work must be done to fully 
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